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Abstract

Microplastics have become a constant and ubiquitous component of the marine
environment, being found in water surface, along water column, and in
sediments, beaches, and organisms worldwide. Assessing microplastics in the
environment is necessary to understand sources, distribution, abundance, and
ecological consequences for marine ecosystems, especially considering that
microplastic contamination is expected to increase in years to come in view of
increasing global annual primary plastic production.

consciously as possible, including the importance to consider microfibers as a
category per se. Definitions of microplastics and microfibers will be provided
along with a brief discussion of elements affecting their distribution in the marine
environment and how they can cause biological effects. The focus of the chapter
is, however, on the most common and suitable sampling strategies, analytical
approaches, and standard requirements, for conducting a reliable assessment of
microplastics in marine matrices.
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8.1 Introduction

Microplastics have become a constant and ubiquitous component of the marine
environment, being found in water surface, along water column, and in sediments
and organisms worldwide (Qu et al. 2018). Microplastic contamination is expected
to increase in years to come, especially in view of increasing global annual primary
plastic production that would reach 1.1 billion tons in 2050 and with a total
cumulative production between 1950 and 2050 of 34 billion tons, none of which
would be biodegradable (Geyer 2020). Assessing microplastics in the environment
is, thus, necessary to understand sources, distribution, abundance, and ecological
consequences for marine ecosystems. This problem is also on the agenda of national
and international organizations worldwide, asking experts to use their knowledge to
compile recommendations and guidelines for routinely monitoring programs (van
Bavel et al. 2020).

This chapter intends to provide tools to approach the issue of microplastics as
consciously as possible, firstly, describing what constitute a microplastic, what kind
of other categories exist, how microplastics originate, and their possible fate in the
field and, secondly, focusing on the most suitable sampling strategies, analytical
approaches, and standard requirements for a reliable assessment of microplastics in
marine matrices.

International consensus has not yet been reached on a definition and categoriza-
tion of microplastics, often resulting in an ambiguous comparison of data (Hartmann
et al. 2019). To date, it is globally accepted that the lower size limit for microplastics
is 1 μm (Frias et al. 2018), while, under this value and down to 1 nm, plastics are
defined as nanoplastics (Gigault et al. 2018). The upper size limit of microplastics is,
instead, still under debate. Frias and Nash (2019) proposed 5 mm, whereas other
authors suggest to restrict the definition of microplastics to particles smaller than
1 mm based on the International System of Units definition for “micro” (Cole et al.
2011).

Microplastics and nanoplastics can have a primary origin, when they are
intentionally produced in the micro-nanometer size range to be directly used in a
wide range of applications (e.g., personal care products and cosmetics, abrasive
powders, powders for injection molds, and 3D printing). Otherwise, secondary
microplastics represent results of weathering or fragmentation of larger objects either
during use or following loss to the environment (UNEP 2021).

Another criterion for defining microplastics is associated to shape. Also in this
case, there is no standardized classification. BASEMAN consortium (whose goal
was the validation and harmonization of analytical methods for microplastic analysis
in environmental matrices) suggested eight categories based on the most common



microplastic types described in peer-reviewed publications: (1) pellet, (2) fragment,
(3) fiber, (4) film, (5) rope and filament, (6) microbead, (7) sponge/foam, and
(8) rubber.
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Despite that color is not considered to be crucial to define microplastics, record-
ing this characteristic is considered important for studies concerning aquatic
organisms, as some species are thought to potentially ingest microplastics based
on a color preference behavior (Frias and Nash 2019).

Although textile fibers are broadly classified as a shape of microplastics, they
were suggested as a category of their own. Compared to other types of microplastics,
they are much more abundant in the environment, and they are different in source
(textile vs. common use), polymer typology (often natural vs. synthetic only), and
mitigation actions (industry vs. public awareness, Avio et al. 2020). These
differences of microplastics and microfibers are highlighted by definitions given
by Bessa et al. (2019) and Liu et al. (2019). Microplastics are synthetic solid particles
of polymeric matrix, with size ranging from 1 μm to 5 mm, consisting of either items
that are manufactured to be of microscopic dimensions (primary) or that are formed
from the weathering and fragmentation of larger plastic waste items, which are
insoluble in water at 20 �C (Bessa et al. 2019). Microfibers are natural or artificial
fibrous materials of threadlike structure with a diameter lower than 50 μm, length
ranging from 1 μm to 5 mm, and length to diameter ratio greater than 100.
Microfibers are released or shed to the environment from all kinds of fibrous
materials, such as clothes; agricultural, industrial, and home textiles; and some
textile products, semimanufactured goods, or accessories used in other fields, during
production, use, and end-of-life disposal (Liu et al. 2019).

Distribution and accumulation of microplastics in aquatic ecosystems are widely
dependent on particle characteristics such as size, shape, density, and chemical
composition along with environmental parameters including wind, temperature,
and water current velocity (Gola et al. 2021). Hydrodynamic processes, coastal
currents, drift, and river outflow act to disperse microplastics from their sources.
Additionally, rotational ocean currents transport surface plastics to convergence
zones of oceanic gyres, leading to concentrated areas of accumulation (Coyle et al.
2020). Several factors potentially influence the vertical distribution of plastics along
the water column, such as wind-induced mixing, incorporation into marine
aggregates or fecal matter, biofouling (Cole et al. 2016), size and shape of materials,
and relative density that might vary with additives added during production (Reisser
et al. 2015, Table 8.1). For plastic denser than seawater, the shape and the near-
bottom current velocity magnitude strongly define the settling (Bagaev et al. 2017).

Due to their small size and widespread occurrence, microplastics can be ingested
by wide range of marine organisms causing a range of effects like mechanical
damages, attachment of polymers to external surfaces, hindering of mobility and
clogging of the digestive tract, inflammation, cellular stress, and decreased growth
(Setälä et al. 2016). The chemical impact can be related to additives present in the
plastic from manufacturing, as well as to the environmental contaminants which are
adsorbed by the hydrophobic nature and high surface-to-volume ratio of
microplastics. There is, however, an active debate regarding the toxicological



Abbreviation Polymer (g cm�3)

relevance of adsorbed pollutants on microplastics and their possible transfer to
marine organisms due to the variability of experimental results (Benedetti et al.
2022). Despite that a detailed review of fate, distribution, and biological effects of
microplastics is outside the aim of this chapter, these issues are fundamental for a
comprehensive risk assessment in the marine environment.
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Table 8.1 Buoyancy of most common polymer in seawater (from Bessa et al. 2019)

Buoyancy of polymer
Density in seawater

(1.025 g cm�3)

PS Polystyrene 0.01–1.06 Positive

PP Polypropylene 0.85–0.92 Positive

LDPE Low-density polyethylene 0.89–0.93 Positive

EVA Ethylene vinyl acetate 0.93–0.95 Positive

HDPE High-density polyethylene 0.94–0.98 Negative

PA Polyamide 1.12–1.15 Negative

PA 66 Nylon 66 1.13–1.15 Negative

PMMA Polymethyl methacrylate 1.16–1.20 Negative

PC Polycarbonate 1.20–1.22 Negative

PU Polyurethane 1.20–1.26 Negative

PET Polyethylene terephthalate 1.38–1.41 Negative

PVC Polyvinyl chloride 1.38–1.41 Negative

PTFE Polytetrafluoroethylene 2.10–2.30 Negative

8.2 Sampling the Marine Environment for Microplastic
Detection

Monitoring microplastics in the environment is based on sequence of steps starting
with the collection of appropriate samples, followed by isolation of particles from
the matrix and their physical and chemical characterization.

The sampling strategy always depends on the aim of the research, while sampling
devices are related to the matrix to be collected, the size limit of microplastics to be
targeted, and available equipment for immediate processing.

Water, sediment, and biota can be collected as bulk or volume-reduced samples
(Stock et al. 2019). In the first case, the whole collected volume is taken without any
reduction during the sampling process, theoretically, allowing to capture all
microplastics regardless of their size and visibility. Volume-reduced samples are
subjected, during the sampling, to specific treatments (i.e., filtration, separation, and
concentration) to preserve only portions of samples that will be further processed in a
laboratory (Wang and Wang 2018). Selective sampling consists of direct collection
of microplastics recognizable by the naked eye, and it is applicable only to large
microplastics (1–5 mm, e.g., plastic pellet on beaches) (Hidalgo-Ruz et al. 2012).
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8.2.1 Sampling of Seawater

Different typologies of devices are used to collect microplastics in seawater,
categorized in non-discrete sampling devices for volume-reduced samples and
discrete devices for bulk samples (Cutroneo et al. 2020). Depending on the device,
it is possible to collect different layers of the water compartment: the upper 30 cm or
“surface waters” (Han et al. 2020), including the air-water interface or directly below
the interface; the “subsurface layers” still within the upper mix layers affected by
winds, surface currents, and vessel movements; and the deeper layers of water
column (van Bavel et al. 2020). The choice of device depends on available equip-
ment and characteristics of sampling location, such as turbulence at the surface,
hydrodynamic profile, and depth, besides the focus of the research. Irrespective of
the sampling method, environmental metadata should always be collected to support
data interpretation including bathymetry, water temperature, salinity, water currents,
surface wind, and weather conditions (van Bavel et al. 2020).

Nets originally designed for plankton are widely used for collecting microplastics
(Fig. 8.1a). They consist of a funnel shape mesh, generally made of nylon and
1.5–4.5 m long, with a circular or a rectangular mouth maintained constantly opened
by a rigid frame and connected to a final cylinder called code-end. The main
advantage is the possibility to filter large volumes of water concentrating and
gathering microplastics in the code-end. There are various mesh sizes for nets
possibly ranging from 20 μm to 5000 μm, despite that those of 300 μm are the
most commonly used to facilitate comparison among studies. However, 300-μm
mesh fails to depict the overall pattern of microplastic pollution, since it does not
retain microfibers and smaller microplastics (Tamminga et al. 2019), which are both
of great biological relevance. However, nets with lower mesh sizes can easily get
clogged up, compromising the sampling process (Löder and Gerdts 2015).

Plankton nets are used for both vertical and horizontal sampling of the water
column, allowing the collection of replicate samples in the bongo conformation, with
two plankton nets connected through a couple of circular aluminum frames

Fig. 8.1 Most common typologies of net devices for sampling microplastics in seawater column
(a, b, and e) and on surface and subsurface waters (c and d, modified from van Bavel et al. 2020)



(Fig. 8.1b). In horizontal sampling, a weight (about 10–20 kg) is fixed to the net, then
slowly dropped to the maximum depth (avoiding contact with the bottom), and
trawled obliquely at a speed of less than 2 knots to let the water pass through the net
with a steady flow. In vertical sampling, the net is lifted toward the surface from a
specific depth, thus sampling the entire water column (Campanale et al. 2020).
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Manta and neuston nets have frames of rectangular shape (Fig. 8.1c–d) and are
the most suitable for surface and subsurface water sampling: nets are deployed from
the ship and towed horizontally along horizontal transect for specific periods,
varying from a minimum of 10 min (Setälä et al. 2016) to a maximum of 240 min
(Pan et al. 2019), at a known speed (between 1 and 5 knots, Cutroneo et al. 2020).
Manta nets have two buoys or, more typically, two metal wings equipped on the
sides of the frame which give the appearance of a manta ray, to ensure stability and
keep the net floating on the surface. Manta nets can thus maintain a constant
immersion depth under the sea surface, and the filtered water volume can be
estimated accurately. Neuston nets are kept at the surface by floats or suspended
beneath the water’s surface, filtering the surface layer even in the presence of waves,
despite that the volume is difficult to be estimated accurately because the net’s
immersion depth changes constantly (van Bavel et al. 2020). Neuston nets, mounted
one above the other as multi-net trawl, also provide the possibility to synchronously
sample various layers of the water column (Fig. 8.1e).

After the sampling, nets must be carefully rinsed from the exterior to assure that
plastic debris are washed into the collector and to clean the net before the next
sampling. The material within the collector is finally transferred to a sample con-
tainer for subsequent processing in laboratory (Fig. 8.2): samples can be fixed with
plastic-friendly fixatives (e.g., formalin) to preserve the biological component or
stored frozen if microplastics are the only target parameters of the study.

During the trawling, it is fundamental to measure the volume of the filtered water
and to normalize the concentration of microplastics per volume unit. For this reason,
a flow meter is often present on the net opening (Stock et al. 2019); as an alternative,
the amount of filtered water can be calculated by the net opening size and trawl
distance, the latter easily obtained using smartphone applications for GPS tracking
during the sampling.

In addition to nets, pumping systems represent non-discrete sampling devices
allowing to filtrate in situ large volumes of water, from surface up to a depth of
100 m (Cutroneo et al. 2020). Pumping systems are equipped with a flow meter to
determine the volume of filtered water. Microplastics are collected through a series
of filters/sieves, available in different mesh sizes to separate microplastics into
different dimensional classes at the time of sampling. Filters can be recovered in
petri dishes and preserved until laboratory analysis, whereas sieves need to be rinsed
with decontaminated water (e.g., microfiltered water) and microplastics collected
and preserved in a glass jar. Some sieves are designed with the possibility to
disassemble the frame and mount a clean filter mesh. The first filter/sieve of the
filtration unit is often of 5-mm mesh size used to remove larger plastic particles, and
a 300-μm mesh filter/sieve is typically included in the battery for comparing results
with those obtained with nets (Setälä et al. 2016; Tamminga et al. 2019; Rist et al.



2020; Karlsson et al. 2020; Schönlau et al. 2020). Such comparisons revealed that in
situ pump filtration methods are more accurate in volume measurement and versatile
for point sampling and filter size choice, enabling standardization of sampling
(Razeghi et al. 2021); in addition, pump filtration allows to collect smaller
microplastics and more significant sampling of microfibers compared to nets
(Campanale et al. 2020). On the other side, pump systems are more expensive,
and trawling methods can cover larger areas, thus better overcoming some of the
problems related to patchiness (Karlsson et al. 2020). Net trawling and pump
sampling methods can be considered complementary techniques providing a more
comprehensive approach for monitoring microplastics in water compartment
(Tamminga et al. 2019; Razeghi et al. 2021).
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Fig. 8.2 Net-based method for sampling microplastics in surface waters. Activities carried out by
the Polytechnic University of Marche (Italy) in the Adriatic Sea using a manta net during activities
of RESPONSE project funded by JPI Oceans, 2020–2023 (photo credit, L. Pittura and C. Mazzoli)

Diverse pumping systems are commercially available or custom made. They can
pump water from a specific depth that is directed to the filtering system outside the
water or can work directly submersed. Submersible pumps can be lowered from the
vessel using a winch sideways or toward the stern of the ship (Cutroneo et al. 2020).
Depending on the technical specification of pumps, different volumes can be
sampled, diverse depths can be covered, and filtration time can vary from several
hours to a few minutes. For example, a new custom-made plastic-free pump-filter
system (UFO system—Universal Filtering Objects system) was applied for



collecting microplastics down to 10 μm in the Arctic, filtering approximately 1 m3 of
water from 5-m depth (Rist et al. 2020). The device is composed of a metal hose
deployed in the water, a pump controlled by an inverter, and a modular filtering
device. The mouth of the hose is equipped with a stainless-steel metal cage of 5-mm
mesh to protect the system against large debris. The filtering unit consists of three
parts: the water first passes through a filter of 300-μm mesh to retain larger items
with the purpose of protecting the finer filtering mesh from clogging. The water is
then divided onto two parallel units with filters of 10 μm. Outlets were recombined
and connected to a mechanical flowmeter to quantify the filtered volume (Rist et al.
2020, Fig. 8.3). Preston-Whyte et al. (2021) used a Micro Plastic Particle Pump
developed by KC Denmark for sampling near surface water (0.5-m depth) in a port
environment. Using a crane, the particle pump was deployed from the quayside and
held submerged. During deployment, 2000 L of pumped water was directed through
stacked sieves (5 mm, 500 μm, 300 μm, and 200 μm). On recovery, sieves were
individually removed, and all particulate matter on the sieve was transferred to a 1-L
glass jar (Fig. 8.4a). Actually, the pump system of KC Denmark enables to sample
down to 40 m, and a flexible range of filter sizes is available (ranging from 1000 μm
down to 20 μm). The same model of pump system used by Preston-Whyte et al.
(2021) was, in fact, used by the Polytechnic University of Marche (Italy) to sample
microplastics in water column up to 30 m along the Adriatic coast (Mediterranean
Sea), within activities of the RESPONSE JPI Oceans project: sieves were individu-
ally removed and stored in glass petri dishes for subsequent processing in the
laboratory (Fig. 8.4b).
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Discrete sampling devices can be used to collect defined volumes of water from
specific depths. The main advantage of collecting bulk samples is that, theoretically,
all present microplastics can be sampled without any size limitation, preventing any
loss possibly occurring in volume-reduced samples. This sampling is rapid and
reduces the risk of contamination, due to the short handling and sample exposure
to the surrounding environment. The main disadvantage consists of the limited
amount of samples that can be collected, stored, and processed (Campanale et al.
2020).

Discrete sampling devices can include a plexiglass water sampler, a rosette
sampler system (CTD [conductivity-temperature-depth] sampler), and the lander
system (Fig. 8.5). The plexiglass water sampler is particularly useful and convenient
for microplastic collection in shallow waters with weak currents, while it would not
be applicable to deeper aquatic environments because it is usually made of acrylic
materials and can be fragile when it is subjected to pressure. The rosette sampler
system is typically comprised of a set of Niskin bottles (8–12 L) equipped with
CTD sensors, and it can be adopted to collect water samples at various depths in
marginal seas and pelagic zones up to 6800 m in depth. Niskin bottles can also be
fitted on a lander system to collect bottom water near the seafloor (Liu et al. 2020).

Additional methods can be as simple as a glass bottle of 1 liter, used during
various citizen science-driven projects to collect surface waters (van Bavel et al.
2020). Samples obtained with discrete devices are transferred to a jar, and the inside
of the device is rinsed with decontaminated water to collect plastic particles that



remain attached. The sample is preserved until laboratory analysis or filtered or
sieved directly on board (Cutroneo et al. 2020).
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Fig. 8.3 UFO system as an example of custom-made pump-filter device for sampling
microplastics in seawater: (a) mounting schematic of a single UFO unit, (b) cross section of a
single UFO (arrows illustrate the water flow), (c) picture of the real setup operating on board during
the survey, and (d) overall schematics of UFO setup (modified from Rist et al. 2020)

8.2.2 Sampling of Sediments

Microplastics can be investigated in various typologies of sediments including those
of intertidal beaches and subtidal seabed sediments. Different sampling approaches
are obviously required, although it is always recommended to collect data associated
to the sampling site, such as date of sampling, coordinates of location, morphologi-
cal and hydrographic characteristics of the area, type of sediment, presence of
macroplastics, local point sources (e.g., proximity to urban and/or industrial areas,
to river streams and/or estuaries, and to wastewater treatment plants), or any other
relevant information for interpretation of results. Exhaustive examples of datasheets
to collect data while sampling intertidal and subtidal sediments are provided in the
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Fig. 8.4 Micro Plastic Particle Pump (KC Denmark) as an example of submersible device for
sampling microplastics in seawater. (a) Operation of the pump in a port environment and sample
collection (modified from Preston-Whyte et al. 2021). (b) Operation of the pump and sample
collection carried out by the Polytechnic University of Marche (Italy) along the coasts of Adriatic
Sea during activities of RESPONSE project funded by JPI Oceans, 2020–2023 (photo credit,
S. Gorbi and F. Regoli)

Fig. 8.5 Most common types of discrete sampling devices for sampling microplastics in seawater:
(a) plexiglass water sampler, (b) CTD sampler, and (c) lander system (modified from Liu et al.
2020)



protocol for monitoring microplastics in sediments produced by Frias et al. (2018)
within the BASEMAN JPI Oceans project.
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8.2.2.1 Intertidal Sediments (Beaches)
Sampling sediments on beaches is relatively easy from a technical point of view, and
it can be carried out by trained nonscientist operators with unsophisticated equip-
ment: a nonplastic sampling tool (tablespoon, trowel, or small shovel and corers), a
frame to define the sampling unit, a 5-mm metal sieve to exclude macro-debris
directly at the beach, and a nonplastic container to store the sample (Fig. 8.6). The
not trivial aspect is the monitoring design, the correct identification of sampling area
(e.g., shoreline and above the strandline), the depth of sediments to be collected, and
the frequency of surveys (Löder and Gerdts 2015). Beaches are dynamic
environments, and distribution of microplastics can rapidly change according to
the depositional regime and environmental characteristics like tides, currents, and
winds (Hanke et al. 2013). Other critical issues are the number of replicates and the
quantity of sediments to be collected (weight or volume), to ensure a representative
sampling and accurate estimation of microplastic concentration (Prata et al. 2019).
Sampling strategies for microplastics on beaches are summarized in guidelines of the
UNEP (Cheshire et al. 2009), the OSPAR (Wenneker et al. 2010), the NOAA
(Lippiatt et al. 2013), and the MSFD Technical Subgroup on Marine Litter
(TSGML, Hanke et al. 2013).

Sediment collection is recommended to be performed on the strandline (top of the
shore), where litter is more likely to accumulate, defining a transect of 100 m parallel
to the water edge (Fig. 8.7); for heavily littered beaches, the transect can be reduced
to 50 m. If the survey is extended to the whole beach, at least two transects shall be
identified between water edges and above the strandline (back of the beach) with a
minimum distance of 50 m. Along transects, sampling is performed within conven-
tional areas of 30�30 cm or 50�50 cm marked through the use of a quadrat
(sampling units): collection of the top 5 cm of sediment (total volume of

Fig. 8.6 Tools for sampling sediments on beaches for microplastics and sampling activities by
high school students coordinated by researchers of the Polytechnic University of Marche, Italy
(photo credit, L. Pittura)



approximately 4500 cm3 ¼ 4.5 L) is a common approach, and a minimum of five
replicates, separated by at least 5 m, is recommended. Sampling units should be
chosen in a random way to be representative of the sampling area (Fig. 8.7). Four
surveys per year in spring (April), summer (mid-June to mid-July), autumn
(mid-September to mid-October), and winter (mid-December to mid-January) are
suggested, but a higher frequency may be initially necessary to identify significant
seasonal patterns.
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Fig. 8.7 Schematic representation of sampling strategy for microplastics on beach with transects
and quadrants (modified from Frias et al. 2018)

8.2.2.2 Subtidal Sediments (Seabed Sediments)
The most common devices to collect submerged sediments for microplastic analysis
are grabs and corers (Fig. 8.8a–e), the choice of which depends on purpose of the
survey, sediment typology, and various environmental and logistical constraints,
such as water depth and vessel characteristics.

Grabs are easy to use and allow to collect samples in a relatively short time. The
most common are van Veen, Ekman-Birge, and Shipek grabs. The van Veen grab is
constituted by two jaws which close when these arrive at the bottom holding the
sediment inside. Some models have upper doors to collect the upper centimeters of
sediment directly inside the device. The Ekman-Birge grab has a box shape with
upper windows and lower jaws; the smaller type can be manually operated by a rod
that allows the insertion into the sediment. The Shipek grab has a bucket that rotates
into the sediment when it reaches the sea bottom (Romano et al. 2018), facilitating
the collection of difficult substrates (gravel or compacted sands).

Compared to grabs which retrieve disturbed sediments, core samplers collect
cylindrical sections maintaining the sediment integrity from the surface to the deeper
layers. This allows to determine historical profiles and inputs of microplastics as
indicators of anthropogenic activity. As advantages, corers produce small volumes
of sample and potentially enable to sample at a depth of more than 5000 m (Löder
and Gerdts 2015). Among these devices, box corer (e.g., Reineck box corer) consists
of a stainless-steel square box of variable size and a support frame that stabilizes the



�

The selection of appropriate species is crucial to assess the ingestion of microplastics
and their potential biological effects. A sampling design that includes multispecies,
covering different trophic positions, habitat, and feeding strategies is preferable to a
single-species approach. This strategy provides a more ecologically relevant assess-
ment of microplastics in the marine environment facilitating comparisons among
areas with different species but with similar trophic web structures (Avio et al. 2020).
In general, the selected species should meet as many as possible of the following
criteria:

sampler, ensuring the vertical penetration in the sea bottom. The box allows the
recovery of nearly undisturbed samples of around 30 cm thick, and samples can be
collected in a single device or a multiple corer constituted by 4 up to 12 core barrels
(Romano et al. 2018).
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Fig. 8.8 Devices for sampling interdital sediments for microplastics: (a) van Veen grab (photo
credit, S. Gorbi), (b) Ekman-Birge grab, (c) Shipek grab, (d) box corer, (e) multiple corer, and (f)
sediment trap for microplastic vertical fluxes

Independently on the device, subsamples of ideally 250 ml of sediment should be
collected to be representative of sampling location (Hanke et al. 2013). Samples are
then placed into containers (preferably of nonplastic material) and stored frozen at
20 �C in the dark if these are not immediately analyzed (Frias et al. 2018).
While analysis of microplastics in sediments can answer questions related to their

presence, accumulation, and characteristics, the sinking process of microplastics
along the water column can be monitored through the deployment of sediment
traps (Saarni et al. 2021; Fig. 8.8f). These instruments, commonly used in oceanog-
raphy to measure settling of organic and inorganic particles, consist of an upward-
facing funnel that directs sinking particles toward a collection vessel. Traps typically
operate over an extended period of time (weeks to months), and their series can be
cycled to follow temporal changes in sinking flux with time, for instance, across a
seasonal cycle.

8.2.3 Sampling of Biota
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(i) They occur naturally with high abundance and wide geographic distribution.
(ii) The biology and ecology are well known.
(iii) They are easy to sample and to process in laboratory.
(iv) They are already used as bioindicators in monitoring programs for other

contaminants.
(v) The ingestion of microplastics is documented.
(vi) They have ecological relevance (i.e., key species in maintaining ecosystem

functions) and commercial value (Fossi et al. 2018; Bray et al. 2019).

Bivalves fulfill most of such criteria and are abundant in intertidal and coastal
locations worldwide. Adults are sessile organisms relatively easy to collect and
process in laboratory conditions, having been used as bioindicators to monitor
contaminants and marine environmental status for several years (e.g., Mussel
Watch Programme): mussels have already been suggested as suitable sentinel
species for microplastic pollution (Bessa et al. 2019). Also fish were highlighted
as valuable indicators of the occurrence of microplastics in the marine environment,
since they exploit almost every kind of habitat, occupy many ecological niches, and
are an important food source for human populations worldwide (Sbrana et al. 2020).
Other candidate species include benthic sediment-dwelling organisms (including
marine worms) that are abundant and are widely used for biomonitoring
contaminants in aquatic systems (Bessa et al. 2019). Based on such considerations,
Fossi and collaborators (2018) proposed some species for monitoring different
habitats (from coastal areas to offshore and from benthic environments to pelagic
waters) at different spatial scales in the Mediterranean Sea. Mussels (Mytilus
galloprovincialis), polychaetes (Arenicola marina), and crabs (Carcinus spp.)
were highlighted as small-scale bioindicators of microplastics along the coastline,
while red mullet (Mullus barbatus), sole (Solea spp.), European hake (Merluccius
merluccius), and catshark (Galeus melastomus) as small-scale sea-bottom indicators
being demersal fish living in close connection with sediments and depending on
benthic prey for feeding. The bogue Boops boops and the pompano Trachinotus
ovatus can be sentinel species of microplastics in coastal waters, while, for monitor-
ing open waters at small scale, mesopelagic and pelagic fish (the European anchovy
Engraulis encrasicolus and the European pilchard Sardina pilchardus) were
suggested. Large pelagic predators Thunnus alalunga and Coryphaena hippurus
were proposed as medium-scale bioindicators of microplastics in open waters, while,
for basin-scale studies, large filter feeding whales (e.g., Balaenoptera physalus) and
sharks (e.g., Cetorhinus maximus) were proposed as the most suitable for their
migratory behavior.

Despite that the MSFD-TSGML recommends at least 50 individuals per species
as a suitable sample size, the majority of published studies differs considerably
(Wesch et al. 2016). Sample size could be lowered in those species or population
showing high frequency of microplastic ingestion. Even though larger sample size
provides more reliable results (Hermsen et al. 2018), as a practical suggestion, the
number of individuals analyzed per single species could be reduced in favor of more
species to be included in the study (Avio et al. 2020).



8 Microplastics and Nanoplastics 363

Due to the diversity of habitats and species, a large variety of techniques have
been used for sampling biota. Organisms can be collected in grasps, traps, creels, or
bottom trawling (benthic species), by manta or bongo nets (planktonic and nektonic
invertebrates), by hand (e.g., bivalves or crustaceans), or by electrofishing (Stock
et al. 2019). In addition to scientific sampling campaign, sources of samples for
microplastic monitoring may include sportfishing events, farmed organisms, or
animals bought at fish markets. All ethical requirements must be followed, i.e.,
avoiding protected/endangered species or invasive sampling methods (Bessa et al.
2019). The analysis of dead animals is particularly useful for obtaining data on
microplastic ingestion by large marine vertebrates (e.g., seabird, turtles, and
cetaceans) without killing individuals for scientific purposes (Hanke et al. 2013;
Wesch et al. 2016).

Target tissues for analyses are mainly those of the digestive tracts (the esophagus,
the stomach, and the gut) for larger biota, while whole specimens are usually
analyzed for smaller species. Depending on the research question, additional tissues
can be selected, for example, muscle (fillet) of commercial fish to evaluate the
potential exposure to microplastics for humans. After collection, samples (whole
organisms or dissected tissues) can be stored at �20 �C until further processing in
laboratory: fixatives, like formalin, ethanol, or formaldehyde, have also been used to
preserve microplastics. The time between organism collection and their dissection/
storage should be as short as possible to avoid gut clearance (Lusher et al. 2017).
During sampling/dissection of biota, it is advisable to record the following informa-
tion: date and time of activity; type of equipment used for sampling; sampling site or
location data (GPS coordinates, site name, depth, and environmental conditions);
number and name of species collected from the same site; number of individuals for
each species; length, weight, and sex of individuals; and additional observations
(Bessa et al. 2019).

8.3 Sample Processing for Microplastic Isolation

In following sample collection, microplastics must be isolated from water, sediment,
suspended matter, and organic material (Stock et al. 2019). Isolating microplastics in
an appropriate manner is fundamental to achieve high extraction efficiencies, pres-
ervation of particles, and accurate data generation (Lusher et al. 2020). Sample
processing includes three main steps: (1) organic matter digestion, (2) density
separation, and (3) filtration. There are several methods to perform each of these
steps that vary in complexity, time, and cost of materials, and the more appropriate
choice often depends on the typology of samples.

8.3.1 Organic Matter Digestion

This digestion step is crucial for facilitating the extraction of microplastics from
biological samples, and it is often applied to sediments and water samples as
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pre-treatment before density separation and/or filtration (Frias et al. 2018; Gago et al.
2018). The removal of organic matter must be performed without altering
microplastics in terms of number, shape, polymer characteristics, and color (Bessa
et al. 2019). Thus, the overall recommendation is the use of a previously tested
digestion protocol, and the choice should be driven considering digestion efficiency,
polymer resistance, dangerousness of reagents, and costs (Campanale et al. 2020).
There are different types of digestion, including acid, alkaline, oxidative, and
enzymatic, and all these methods have advantages and limitations (Lusher et al.
2020).

Nitric acid (HNO3) is widely used in acid treatments: it is very effective in
digesting the organic material present in the sample with >98 % weight loss for
biological tissue. However, it causes degradation of polystyrene, polyamide, and
polyethylene or change of color (polyvinyl chloride), especially if it is used in high
concentrations and at high temperatures. Hydrochloric acid (HCl) has also been
suggested, but it seems to be inefficient in treating large quantities of biologic
material, and it causes alteration of some polymers. Therefore, acid digestion may
be avoided or used with caution since it may lead to underestimation of microplastics
in environmental samples (Lusher et al. 2020).

Alkaline digestion is an alternative with great potential, but it may also damage or
discolor plastics, leave oily residues and bone fragments, or redeposit tissue debris
on plastic surfaces, complicating the subsequent characterization (Prata et al. 2019).
Nevertheless, digestion with 10 % potassium hydroxide (KOH) at a maximum
temperature of 40 �C was suggested as a cost-effective method for processing
biota samples (Bessa et al. 2019). It was recommended to not exceed the temperature
of 40 �C since higher temperatures could degrade and reduce the recovery rate of
some polymers. The limitation of proposed approach is that it is not particularly
suitable for tissues with a considerable amount of fat, as the digestion may take
several days and can partially damage some polymers. Combining KOH with a
detergent (e.g., Tween 20) may accelerate the degradation process (Bessa et al.
2019). Digestion of 10 % KOH at 40 �C was also proposed as pre-treatment for
seawater samples with medium and high organic matter content (water with eggs and
larvae, plus zoo- and phytoplankton). In following this step, an additional step was
recommended using hydrogen peroxide (H2O2) if all organic matter was not
digested: H2O2 (15 % solution) at 1:1 volume sample/solution ratio is added to
oxidize and digest the biological material (Gago et al. 2018).

H2O2 is indeed a popular oxidizing agent to efficiently remove organic matter
with little effect on microplastic integrity if it is used at less than 20 %: polymeric
changes have been identified in terms of transparency and shrinking in size when a
30–35 % solution is applied (Prata et al. 2019).

In contrast to the chemical digestion, the use of enzymes (e.g., proteinase K,
trypsin, collagenase, papain, and cellulase) does not affect the polymer’s structure
and has an excellent removal efficiency of the organic fraction, but it takes more time
and higher costs, especially for samples that contain a considerable amount of
organic matter to digest and thus require a significant quantity of enzymes
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(Campanale et al. 2020): in this respect, it is less affordable during extracting
microplastics from large tissues or organisms.

8.3.2 Density Separation

Differences in density can be used to separate plastics from inorganic solid materials
(e.g., sand, shells and carapace of invertebrates, and frustule of algae). The density
separation step is necessary for sediments to discriminate microplastics from other
particles, but it can be applied also to biota samples after digestion and to water
samples for minimizing the filtration time and facilitating sorting and characteriza-
tion steps (Bessa et al. 2019; Gago et al. 2018). The process is based on floating
properties of microplastics in denser salt solution. In simple terms, a saturated salt
solution with a known density can be carefully mixed with the sample containing
microplastics and left to settle: plastic particles will float to the surface, and the
supernatant is then collected and filtered for further investigation, while nonplastic
debris heavier than microplastics are deposited on the bottom (Ribeiro-Claro et al.
2017; Fig. 8.9). The duration of mixing, as well as the floating time, can vary
considerably depending on the sample volume and type, ranging from minutes to
several hours or days. For example, coarse sediments settle out relatively quickly,
while samples with fine particulate matter require a longer period. The recovery of
supernatant can be carried out using tubes, volumetric flasks, separating funnels, or
specific devices such as the Sediment-Microplastic Isolation unit (Lusher et al.
2020).

A range of salts differing for their density can be used to separate and extract
microplastics: salts also vary in cost and toxicity (Bessa et al. 2019). Sodium
chloride (NaCl) and sodium tungstate dihydrate (STD) are both cost-effective and
nontoxic salts: for these characteristics, NaCl is recommended by the MSFD-TSML,
the NOAA, and the BASEMAN consortium for monitoring programs (Lusher et al.
2020). However, these salts are not effective for the density separation of heavier
polymers. Sodium iodide (NaI) is a higher-density salt that allows the separation of
most polymers, but it is quite expensive. Zinc chloride (ZnCl2), despite being
considered the most effective and least expensive method, is a highly dangerous
and corrosive substance: consequently, careful handling, disposal, and recycling of
this reagent are required. Sodium polytungstate (SPT) and its derivatives are
extremely expensive (although these are recyclable), can be hazardous, and, there-
fore, are not a first choice for routine monitoring. Furthermore, despite that salts like
ZnCl2, NaI, and ZnBr2 allow the density separation of heavier polymers, they are
highly soluble in water, and therefore, larger quantities are required in respect to
NaCl, SPT, or NaBr (Campanale et al. 2020).

Since some polymers may be lost in separation more frequently than others
depending on the salt solution applied (Table 8.2), it is necessary to consider this
limitation when the density separation step is included in the processing of sample
for microplastic isolation. The way to perform the procedure (e.g., time of mixing
and settling and the way to recover the supernatant) can also influence extraction
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Fig. 8.9 Representation of a density separation for isolating microplastics from digested samples,
including mixing, settling, and recovery of supernatant containing microplastics for subsequent
filtration. Dark dots, microplastics, and red dots, inorganic or biological material (credit, CG Avio)

results. It is, thus, advisable to evaluate the extraction yield of the density separation
method, especially if it was never experienced on the matrix to be processed. A
general recommendation is to perform sequential extractions to increase the effi-
ciency of procedure: on average only, the 30.2 % of microplastics were recovered
after the first extraction, while reaching between 88.7 % and 100 % following
sequential extractions (Lusher et al. 2020).

The effectiveness of a procedure to isolate microplastics from a matrix can be
tested using recovery experiments with spiked microplastics (Brander et al. 2020).
These tests consist of the addition to the sample of a known number of microplastics,
for which also size, shape, color, and polymer are known. The extraction yield is
then measured calculating the percentage of spiked microplastics recovered at the
end of sample processing, also verifying if changes in physical and chemical
characteristics of spiked microplastics have occurred. It is suggested to prepare a
heterogeneous mixture of microplastics for these experiments, since the extraction
efficiency depends on the method used but also on the characteristics of particles
(Löder and Gerdts 2015): commercial microplastics or handmade particles obtained
from plastic objects can be used. Quinn et al. (2017) prepared microparticles of eight
typologies of plastic polymers and colors from 11 different post-consumer products,
cutting them by various physical methods including a coffee grinder, food processor,
and liquid nitrogen. These handmade particles were used along with commercial
microspheres, to test the effectiveness of NaCl, NaBr, NaI, and ZnBr2 salts in the
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Table 8.2 Separation abilities of different density solutions compared to some of common
polymers. +, separation; �, possible separation; and �, not separated (modified from Lusher
et al. 2020)

Buoyancy of polymers in density solution (g cm�3)

NaCl
(1.0–1.2)

STD
(1.4)

NaBr
(1.37–1.4)

NaI
(1.8)

ZnCl2
(1.6–1.8)

ZnBr2
(1.71)

SPT
(2.94–3.1)

PS + + + + + + +

PP + + + + + + +

LDPE + + + + + + +

EVA + + + + + + +

HDPE + + + + + + +

PA + + + + + + +

PA 66 + + + + + + +

PMMA + + + + + + +

PC + + + +

PU + + + +

PET +

PVC + + + +

PTFE +

density separation of microplastics from sediments. Miller et al. (2021) produced,
instead, high-density polyethylene microparticles of irregular shapes and of various
sizes from yellow lids sourced from single-use sterile containers milled in a blender:
recovery rates and effects on particles were evaluated after testing four isolation
methods from seawater samples. A recovery experiment was performed by Avio
et al. (2017) to compare the efficiency of six methods for the extraction of
microplastics from fish tissues, including five already published and a new one
developed by authors. Four different size classes of polyethylene and polystyrene
particles, obtained by sieving a commercial stock powder, were spiked in the
gastrointestinal tracts dissected from mullets. The new protocol was validated,
showing an extraction yield of 95 % with a density separation step carried out
twice, and applied to extract microplastics from fish exposed under laboratory
conditions (Avio et al. 2017).

8.3.3 Filtration

Direct filtration of seawater with low organic matter content (clear water sample), or
filtration of supernatants obtained by density separation, is the most frequent method
to isolate microplastics from environmental samples. Among different filtering
systems used, the vacuum filtration is by far the most common (Lusher et al.
2020; Fig. 8.10a). Types of filters include polytetrafluoroethylene, polycarbonate,
nylon, glass fiber, cellulose (nitrocellulose, cellulose acetate, or mixed cellulose),
stainless steel, silicon, and Anodisc filters (aluminum oxide). The type of filter
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Fig. 8.10 (a) Example of a vacuum filtration apparatus used for isolate microplastics from
pre-treated biota samples, (b) example of a cellulose filter resulting from the filtration step, (c)
visual examination of the filter under a stereomicroscope and sorting of particles using tweezers,
and (d) example of a clean support, on which microparticles are transferred for a single-point
analysis for chemical identification by micro Fourier Transform Infrared (μ-FTIR) spectroscopy
(photo credit, L Pittura)

should be chosen based on availability, porosity, and structure and on suitability for
analytical techniques used for the subsequent characterization of retained particles
(Martellone et al. 2021).

Pore size will have a significant effect on the overall number of particles collected
as they determine the lower size of microplastics detected ranging from 0.3 μm to
200 μm. Larger pore size facilitates rapid filtration but will result in the loss of
smaller plastics that are those preferentially ingested by marine organisms (Avio
et al. 2020), while small pore or mesh size may result in quick obstruction by organic
and mineral matter in the absence of adequate pre-treatment of sample (Prata et al.
2019). Structure of filter will have, instead, a direct effect on the dominant shape of
retained microplastics. For example, nylon and cellulose filters can retain more fibers
than polycarbonate filters. In fact, nylon and cellulose filters have deep and curvy
pore canals organized in a lattice and in a multilayer, respectively, in which fibers are
more likely to get stuck; pores on polycarbonate filters are, instead, circular; and
canals are shallow and straight allowing fibers to go through more easily (Cai et al.
2020). A standardized pore size, as well as type of filters, should be defined to allow
comparison between different studies.

Once filtration of samples is completed, filters are preserved in cleaned glass petri
dishes, and remaining solutions can be removed by an oven or a drier at room
temperature (Cutroneo et al. 2020). Dried filters are subsequently visually examined
through microscopy techniques for the physical characterization of retained
particles, which must be followed by the chemical identification of polymers. If
the chemical characterization cannot be carried out directly on filters through an
automated analysis with spectroscopy techniques (i.e., micro-FTIR and micro-
Raman), a manual sorting is previously necessary, consisting of isolation of single
particles using tweezers and their transfer onto a clean support (Fig. 8.10b–d).

Polytetrafluoroethylene filters have proved to be a better choice compared to
aluminum oxide, glass fiber, and polycarbonate filters, when physical characteriza-
tion is performed through scanning electron microscopy coupled with energy dis-
persion spectrometry (SEM-EDX), because they do not pose any interference to the
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analysis (Pivokonsky et al. 2018). Glass fiber, cellulose, and stainless-steel filters are
instead the most used for filtration and subsequent examination of particles under
optical microscopy; however, glass fiber filters, in particular, are not suitable for
spectroscopic analysis because they absorb in the infrared area (Martellone et al.
2021).

Aluminum oxide filters are widely used for spectroscopic techniques: they are
suitable for analyses by Infrared (IR) spectroscopy in transmittance mode but not in
reflectance being transparent to infrared light; they can also be successfully used for
Raman spectroscopy. However, Anodisc filters have a self-absorption in the
mid-infrared fingerprint range (1400–600 cm�1), hampering a distinct identification
of potential microplastic particles and an accurate classification of the polymer type.
In addition, aluminum oxide filters are also among the most fragile, because they are
thin although they are being rigid.

Silicon filters can represent an alternative, since they guarantee sufficient trans-
parency for the broad mid-infrared region of 4000–600 cm�1 and offer good
mechanical stability during analysis of microplastic samples using both transmission
FTIR microscopy and FTIR imaging as well as Raman microscopy (Käppler et al.
2015). Gold-coated polycarbonate filters are also used for analysis of particles using
micro-FTIR spectroscopy in reflectance mode (Martellone et al. 2021).

8.3.4 Quality Assurance and Quality Control (QA/QC) of Analysis

Contamination issues are a challenge in quality assurance and quality control during
microplastic studies: the risk of external contamination is extremely important,
particularly for microfibers (Prata et al. 2021). QA includes a series of systematic
steps or activities to ensure that generated data are accurate and reliable. QC is the
process of verifying and checking all data, results, and reported methods to ensure
their validity and prevent erroneous conclusions (Brander et al. 2020). QA/QC
practices should be considered in advance and carefully followed throughout the
whole study process, including sampling and collection, extraction, and analysis.

Regardless of the environmental matrix to collect, the use of plastic devices and
materials for sampling and store samples should be eliminated, replacing plastics
with glass or metal. If plastic materials cannot be avoided, as the case of nylon nets
for seawater or biota sampling, they must be characterized and compared with
microplastics extracted from samples: if they match, they must be removed from
results. Similarly, certain sampling characteristics intrinsically contain multiple
potential sources of microplastics that sometimes cannot be removed. For example,
sampling activities carried out on a vessel might expose to potential external
contamination derived from hull paints, life vests, ropes, and sails, all materials
that should be characterized (Brander et al. 2020). Controls for air contamination
should also be performed: leaving a wet filter paper or an open container with filtered
water during sample collection is possible to register the deposition of microfibers or
microplastics from the surrounding environment.
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Another important measure is to control the release of fibers from clothes.
Providing protection to operators, including adequate cotton lab coats, can prevent
the release of synthetic textile fibers from clothes to some extent. Nonetheless,
natural textiles can also release fibers, while cellulosic fibers, such as cotton, can
be abundant in indoor air. In this respect, the use of coats, gloves, and paper towels
of recognizable colors may help to identify accidental contaminations, thus improv-
ing control and prevention procedures (Prata et al. 2021): this recommendation
should be applied also during the processing of samples in laboratory.

The processing of samples in laboratory is suggested to be carried out under fume
hoods or laminar flow hood. However, fume hoods are poorly efficient in controlling
for air contamination since unfiltered air from the laboratory is drawn inside the hood
and then expelled outside or filtered. On the other hand, laminar flow hoods draw air
in through HEPA filters and create a laminar flow toward the front, preventing the
entrance of uncontrolled air: the use of laminar flow hoods is thus preferred.
Alternatives include the use of rooms with controlled air flow and access; minimal
personnel circulation is always recommended. Metal or glass materials and alumi-
num foils are also required for all laboratory activities, as plastic objects can release
particles and should be fully avoided. All materials must be cleaned with pure water
or ethanol, and solutions (especially salt solutions) should always be filtered (0.22-
or 0.45-μm pore size) to avoid external contamination with microplastics. During
laboratory preparative steps, air deposition controls and running procedural blanks
allow to check the background contamination along with the influence of sample
processing. Procedural blanks typically include pure reagents (or water) treated with
the same procedures as samples.

Results on analysis of both air deposition controls and blank samples should be
reported and considered for the final quantification of microplastics in analyzed
samples.

8.3.5 Operative Protocol for Isolation of Microplastics from
the Gastrointestinal Tract of Marine Species

This paragraph provides a step-by-step description of an operative protocol, includ-
ing necessary materials, reagents, and equipment, that students can easily perform to
extract microplastics from tissues of marine organisms. The protocol is based on
methods tested, validated, and directly experienced on a range of marine species by
authors of the present chapter and intercalibrated in a joint exercise within several
partners of three JPI Oceans projects (EPHEMARE, BASEMAN, and RESPONSE;
Vital et al. 2021; Avio et al. 2015, 2017, 2020; Cau et al. 2019, 2020; Bour et al.
2018; Bessa et al. 2019).

The gastrointestinal tract of the red mullet will be the target of the procedure as a
practical example, for assessing the ingestion of microplastics by marine biota.
However, the same protocol and recommendations can be applied to other species
and tissues and to the whole specimens for smaller species (e.g., mussels).
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Materials
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• Forceps
• Metal tweezer
• Metal spatula
• Glass petri dishes
• Glass flask (250 ml)
• Glass beakers (5 L, 1 L, and 250 ml)
• Glass cylinders (100 ml and 250 ml)
• Glass tube
• Mortar and pestle
• Nitrate cellulose filters (8-μm pore size)
• Acetate cellulose membrane (0.45-μm pore size)
• Magnetic stirrer plate and cylindrical stirrer
• Graduated cylinders (100 ml and 250 ml)
• Stirrer plate and cylindrical stirrer

Reagents
• 10 % KOH solution
• 15 % H2O2 solution
• Saturated solution of NaCl salt (1.2 g/cm3)
• Ultrapure/distilled water

Equipment
• Oven (work temperature 40–50 �C).
• Hood.
• Vacuum filtration system schematically represents in Fig. 8.11 the following:

– 1 filtration ramp (Speedflow)
– 2 glass filter holder (diam 47 mm) + max volume 500 ml
– 3 vacuum tube HW/55 diam mm 8 15
– 4 non-return PP valve
– 5 vacuum trap 2 L
– 6 vacuum tube HW/55 diam mm 8 15
– 7 second vacuum trap 2 L (to protect the pump)
– 8 additional filter to protect the pump (optional)
– 9 vacuum generator RCK400 34 L/min¼

Preparation of Solution
• 10 % KOH solution. Dissolve 10 g of KOH for each 100 ml of ultrapure/distilled

water.
• 15 % H2O2 solution. Dilute 30 % of hydrogen peroxide in ultrapure/distilled

water (1:1, volume/volume).
• Saturated solution of NaCl salt (1.2 g/cm3). Dissolve 10 g of NaCl in 100 ml of

ultrapure/distilled water reaching a density of 1.2 g/cm3. To check the density, it
is possible to weight 1 ml of solution: if 1 ml of solution weights at least 1.2 g, the
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Fig. 8.11 Schematic representation of vacuum filtration apparatus

right density of 1.2 g/cm3 has been obtained. If NaCl salt of pure grade is not
available, the commercial cooking salt can be used.

Sample Dissection
Organisms are dissected to obtain the gastrointestinal tract: open the fish from the
anus to the mouth using forceps and isolate the gastrointestinal tract including the
esophagus, the stomach, and the intestine, with the help of forceps and tweezer
(Fig. 8.12). Register the main morphological parameters of dissected specimens:
total body weight, total length (from the mouth to the caudal fin), and weight of the
gastrointestinal tract.

Digestion of the Gastrointestinal Tract
Put the gastrointestinal tract in a 250-ml glass flask or in a glass beaker and add 10 %
KOH solution until the sample is covered or according to the minimum ratio of 5:1,
volume/gastrointestinal tract weight. Leave the sample in oven at a maximum
temperature of 50 �C until the digestion process is completed (Fig. 8.13).

Density Separation of Digested Sample
Put the digested sample in a graduated glass cylinder (100 ml or 250 ml depending
on the volume of digested sample) and add the saturated NaCl salt solution and a
cylindrical stirrer. Leave to mix the solution on a magnetic stirrer plate for 10 min
and leave to settle for additional 10 min. After this step, a first aliquot of supernatant
is collected from the glass tube into a graduated glass beaker (1 L or 5 L depending
on processed volumes). The density separation step is carried out twice for a better
extraction performance: rinse and refill the cylinder with saturated NaCl salt solu-
tion, before repeating the mixing, settling, and recovery of supernatant. All materials
used for the collection of supernatant need to be washed with ultrapure/distilled
water to collect particles potentially attached to the wall of glass tube and cylinder.
The supernatant, obtained from sequential extractions, is ready to be filtered
(Fig. 8.14).
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Fig. 8.12 Red mullets and European hakes and dissection of the gastrointestinal tract from the red
mullet

Fig. 8.13 Digestion of the gastrointestinal tract of the red mullet using 10 % KOH solution
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Fig. 8.14 Density separation procedure and recovery of supernatant after the digestion of the
gastrointestinal tract of red mullet

Processing of Fatty Tissues
When the tissues to be analyzed are particularly fatty, the digestion with KOH is not
suitable, because formation of oil droplets in the solution hampers the density
separation and the filtration steps. In these conditions, it is suggested to dry the
tissues, instead of digesting, before the density separation and subsequent filtration.
The procedure consists of placing the sample in a petri dish and leaving it to dry in
oven at a maximum temperature of 50 �C. Once it is dried, sample is gently triturated
using a mortar to obtain a powder (Fig. 8.15). The powder is then put in a 100-ml
glass cylinder to carry out the density separation according to procedure described
above (Figs. 8.14 and 8.15).

Filtration of Supernatant
Filter under vacuum the supernatant through a nitrate cellulose. The pore size of filter
should be chosen according to the detection limit of the analytical method used for
the subsequent chemical identification of microplastics: 8-μm pore size is suitable
for the μ-FTIR spectroscopy. Filtration can be speeded up mixing the supernatant
with a metal spatula during procedure.

At the end of filtration, recover the filter and put it in a petri dish adding 15 %
H2O2 solution, useful to digest the organic material eventually remained as residue,
irrespective of digestion and density separation steps. Petri dish is left in oven at a
maximum temperature of 50 �C until the end of digestion and the drying of filter. To
avoid the formation of salt crystals on dried filter, ultrapure/distilled water can be
used to rinse the filter before its recovery at the end of filtration (Fig. 8.16).



particles resembling microplastics and fibers (Fig. 8.17a–e), which are classified
based on shape and color, and then measured using an image analysis software for
categorization in size classes (Fig. 8.17 and Table 8.3). The chemical identification
will be performed later on single particles and fibers, for example, using μ-FTIR or
μ-Raman spectrometry (Fig. 8.20a).

QA/QC Procedures
To reduce and monitor the potential contamination of sample by external
microplastics and microfibers during all phases’ protocol, be sure to follow
recommendations as follows:
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Fig. 8.15 Drying of gastrointestinal tract and trituration before density separation and filtration as
an alternative procedure to KOH digestion method for processing fatty tissues

Dried filters are observed under a stereomicroscope for the manual isolation of all

• Perform dissection and various processing steps in a dedicated room with closed
windows and restricted access.

• Clean all laboratory surfaces and materials used for processing samples with
ultrapure water and ethanol.

• Dress only cotton wear. It is also recommended to register colors of clothes worn
underneath the lab coats.
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Fig. 8.16 Filtration of supernatant after the density separation step and digestion of recovered
filters with 15 % H2O2 in oven to eliminate residual organic material

Fig. 8.17 Example of visual guidelines for the identification of particles based on shape
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• Cover the top of glass containers with aluminum foil, especially during the
filtration step.

• Prefilter working solution before their use with 0.45-μm pore size filter.
• Include a blank sample starting from dissection: hold an open beaker with

distilled water on the workbench while dissecting and process it according to
the same procedures applied to samples.

8.4 Analytical Techniques for Microplastic Characterization

After extraction and isolation, particles need to be accurately characterized in terms
of number, size, shape, surface texture, color, and chemical typology of polymers.
This information is relevant to trace microplastic sources, origins, weathering, and
residence time in the field, as well as to highlight those typologies more available for
biota. Chemical analysis can also allow to identify additives and associated
contaminants or impurities on microplastic surface, like organic and inorganic
material. Various techniques can be used in sequence or in association with their
own advantages and limitations, often dependent on dimensions of microplastics to
be detected: the actual challenge is to implement existing tools or develop new
approaches to overcome the characterization of smallest microplastics and
nanoplastics.

8.4.1 Physical Characterization

8.4.1.1 Microscopy Techniques
Physical characterization through microscopy techniques is primarily used to iden-
tify and classify microplastics preserved on a filter or in petri dishes or jars (Cutroneo
et al. 2020).

Optical microscopy (OM) is suitable to visually examine particles of submillime-
ter size retaining the 3D shape and color of suspected microplastics. OM allows to
distinguish between plastics and other organic/inorganic compounds by analyzing
detailed surface textures and structural information (Jung et al. 2021). Visual
guidelines can help the operator in the identification of suspected microplastics,
including bright and unnaturally colored particles, fragments with sharp geometrical
shapes, shiny surfaces, and featureless fibers with a consistent width (Fig. 8.17).
Physical and tactile guidelines include the particle holding its shape or stretched
when poked and resistance to easy breakage (Primpke et al. 2020). Once particles
were identified, they are measured using an image analysis software and categorized
by shape, color, and size classes (Table 8.3). The main advantage of light micros-
copy in microplastic characterization is that it is a relatively cheap and easy
approach. However, visual sorting under a stereomicroscope can be difficult for
microplastics with no specific color, and it requires considerable time and resources
in terms of researchers involved in counting hundreds of particles (Campanale et al.
2020). Since this technique does not provide information on the chemical
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composition of objects, further characterization is necessary to confirm the plastic
nature of particles.

Scanning electron microscopy (SEM) can also be used, allowing to visualize
nanometer-sized particles. Discrimination of surface structures of plastics and other
materials can be integrated with an energy-dispersive X-ray probe (SEM-EDX) to
provide further information on the elemental composition of organic and inorganic
species, particularly useful for environmental samples. However, SEM-EDX is
expensive and requires substantial time and effort for sample preparation and
examination, which limits the number of samples that can be handled in routinary
analyses (Jung et al. 2021).

8.4.1.2 Light-Scattering Technique
Multiple methods apply the scattering of laser light on particles to obtain information
on physical properties like particle size and particle-size distribution. Dynamic light
scattering (DLS), the most widely used, measures particle sizes in the range from
1 nm to 3 mm based on the fluctuation of intensity of a laser beam that passes the
suspension. These particle size analyzers calculate total particle-size distribution
without distinguishing microplastics and other particles. Therefore, microplastic
particle size and distribution can be measured using light diffraction and/or dynamic
light scattering only when these particles have been previously isolated and represent
the only present in the solution matrix: in this respect, a rigid sample pre-treatment is
fundamental to completely remove all other organic/inorganic particles. DLS may
provide different results from those obtained by visual inspection and might not
detect small-size particles that are masked by the effect of larger particles on strongly
scattered light (Lee and Chae 2021).

Nanoparticle tracking analysis (NTA) can represent another approach on charac-
terization of environmental matrices. NTA gives information on size profile, record-
ing scattered laser light with a microscope and a digital camera. NTA visualizes
nanoparticles and particle concentration in the solution and derives size of particles
correlating their hydrodynamic diameter due to its Brownian motion (Schwaferts
et al. 2019). The size distribution obtained with NTA may be less sensitive to the
presence of large particles and aggregates than DLS. NTA can detect particles up to
30 nm but not particles larger than 2 μm: analysis using NTA is more time-
consuming (up to 1 h) than DLS (several minutes; Lee and Chae 2021).

8.4.2 Chemical Characterization

8.4.2.1 Spectroscopy Methods: FTIR and Raman
The spectroscopic methods, including Fourier-transform infrared (FTIR) spectros-
copy and Raman spectroscopy, are the most common approaches in the chemical
identification of microplastics, being also recommended by the MSFD-TSGML.
These methods are based on the energy absorption by characteristic functional
groups of polymer particles, resulting in a vibrational spectrum which is unique
for every polymer type. The chemical identification of particles is obtained by
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Fig. 8.18 Result of acquisition of an infrared spectrum of a microparticle extracted from sample
(sample IR spectrum) and of matching with a reference polymer in a database (reference IR
spectrum): the match factor threshold of 0.99 (search score) validates the polymer identification
as polyethylene (photo credit, L. Pittura)

comparing the spectrum of the investigated sample with spectra of known polymers
by matching them to spectral libraries through database comparison algorithms
(Fig. 8.18). In coupling the spectrometer (FTIR or Raman) to a microscope, small
microplastics are measurable through the “micro”-spectroscopy (μ-FTIR and
μ-Raman): μ-Raman spectroscopy can characterize microplastic samples higher
than 1 μm, while μ-FTIR spectroscopy could identify microparticles higher than
10–20 μm (Silva et al. 2018). These techniques are nondestructive and can be
coupled with other methodologies to obtain additional and complementary informa-
tion on the composition of plastic polymers (Campanale et al. 2020). Atomic force
microscopy (AFM) combined with either FTIR or Raman spectroscopy is a potential
candidate for nanoplastic analysis: AFM probes can be operated in both contact and
noncontact modes with objects providing images at nanometer resolutions, while
FTIR or Raman spectroscopy determines the chemical composition of the object
(Shim et al. 2017).

Transmission, reflectance, and attenuated total reflectance (ATR) are acquisition
modes available in FTIR analysis (Fig. 8.19). In transmission mode, the FTIR
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Fig. 8.19 Acquisition modes of FTIR analysis

spectrometer records the IR light that passes through the sample. Working in the
transmission mode makes the characterization of microplastics difficult for two main
reasons: (i) if the particle is too thick, the IR beam does not pass making the
characterization impossible; (ii) if the particle is not clean, there is disturbance,
and the IR spectrum is difficult to interpret. In addition, the transmittance mode
needs IR transparent filters (e.g., aluminum oxide), and it is limited, owing to total
absorption patterns, by a certain thickness of microplastic samples. The reflectance
mode records the IR signal that is reflected from the sample: the disadvantage is that
measurements of irregularly shaped microplastics may result in non-interpretable
spectra due to refractive error. The use of micro-ATR accessory in combination with
microscopy can prevent these problems since IR spectra are collected at the surface
of a particle (Löder and Gerdts 2015): the sample is in contact with a crystal of high
refractive index, and the IR light passes throughout the crystal hitting the sample
several times and finally reaches the detector obtaining the IR spectrum. The
pressure produced by the ATR probe may, however, damage highly weathered or
fragile microplastics, and tiny plastic particles can be pulled from the filter paper by
adhesion to or electrostatic interaction with the probe tip. On the other side, an ATR
probe made of germanium can be easily damaged by contact analysis with hard and
sharp inorganic particles like those possibly remained on a filter paper from a sandy
sample (Shim et al. 2017).

Instruments available on the market differ mainly by the type of microscope
coupled to the spectrometer and the mode of particle acquisition, being manual or
automated. A manual sample placement means that there is a single-point acquisition
and particles must be positioned singularly. More expensive instruments have the
possibility of fully automated measurements of multiple particles in a sample and to
map or generate spatial chemical images of whole-membrane filters through the
motorized movement of the sample table of the microscope (Fig. 8.20a–b). Micro-
Raman imaging theoretically allows for the spectral analysis of whole-membrane
filters at a spatial resolution below 1 μm. Focal plane array (FPA)-based FTIR
imaging allows for detailed and unbiased high-throughput analysis of total
microplastics on a sample filter. This technique enables the simultaneous recording
of several thousand spectra within an area with a single measurement and thus the
generation of chemical images (Löder and Gerdts 2015). The main disadvantages of
these automated methods are extended processing time to map an entire filter (9 h to
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Fig. 8.20 (a) Single-point analysis of particles through μATR-FTIR spectroscopy (photo credit,
L. Pittura) and (b) Raman and IR chemical images with false coloring denoting the spectral intensity
of particles and spectra identification in comparison with a reference (modified from Araujo et al.
2018)

scan one filter paper; Shim et al. 2017), refractive errors during measurement of
irregularly shaped microplastic particles, lack of information on associated organic
additives to MPPs (microplastics), and overlap of polymer bands given by organic
and inorganic contaminations that can disturb identification of particles (Campanale
et al. 2020).

8.4.2.2 Thermoanalytical Methods: Py-GC-MS
Pyrolytic gas chromatography in combination with mass spectrometry (Py-GC-MS)
can be used to assess the chemical composition of potential microplastic particles by
analyzing their thermal degradation products. In following a pyrolytic process,
decomposition products characteristic of each polymer are trapped on a solid-
phase adsorbent and thermally desorbed. Volatile compounds are then separated
by gas chromatography and identified by mass spectrometry (Campanale et al.
2020).

The pyrolysis of plastic polymers results in characteristic pyrograms, which
facilitate the polymer identification by comparing combustion products with refer-
ence pyrograms of known virgin-polymer samples (Löder and Gerdts 2015). Con-
trarily to Raman or FTIR technique, which only investigates the surface of a particle,
Py-GC-MS allows the analysis of the whole particle, enabling to simultaneously
identify polymer types and associated organic plastic additives. Although Py-GC-
MS has the advantage that individual sorting of particles is not needed, the limit is
the amount of sample (e.g., 0.35–7 mg) that can be analyzed (Shim et al. 2017). This



quantity may compromise the representativeness of the sample composition when
complex environmental samples are analyzed, as it may not be homogenous on a
small scale. Variants of this technique have been used to develop new methods, such
as thermo-extraction and desorption coupled with GC-MS which combines
thermogravimetric analysis (TGA) and thermal desorption-gas chromatography-
mass spectrometry (TD-GC-MS; Silva et al. 2018). Thermal analysis provides an
alternative method to spectroscopy for chemical identification of polymer types but,
as a destructive method, prevents the possibility of additional characterization of
particles.

8.5 Data Expression

The expression and normalization of obtained results should be harmonized for
comparison among studies.

For water samples, data are usually provided as the number of microplastics
(MPPs) per unit of volume (MPPs L�1 or MPPs m�3) or per unit area (MPPs m�2;
Gago et al. 2018).

For both intertidal and subtidal sediments, it is recommended reporting the
number of microplastics (MPPs) per unit area (MPPs m�2) and per unit dry mass
(MPPs kg�1 dry). In addition, since samples collected are a function of the length,
breadth, and thickness of the collected area, also the number of particles per cubic cm
or m should be provided (MPPs cm�3/m�3; Uddin et al. 2020; Frias et al. 2018).

Data on ingestion of microplastics by biota should be presented containing, at
least, the following information for each investigated species:
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(a) The frequency of ingestion given as the percentage of specimens containing one
or more particles on the total of analyzed specimens.

(b) The average number of particles calculated on organisms positive to ingestion
(reporting only the average number of particles per individual might be
misleading if it is not specified whether organisms without particles [i.e.,
0 values] were included in the average).

(c) The number of analyzed specimens.

Frequency of ingestion reflects the probability for organisms to interact with
microplastics in their own habitat, appearing to be a more appropriate index than the
number of ingested items to monitor microplastics in natural population and to better
highlight differences among sampling areas and species (Avio et al. 2020). Expres-
sion of data as number of particles per weight of tissues is not recommended since
microplastics are not homogeneously distributed among and within tissues and
because tissues are often subjected to marked weight variations (Bessa et al. 2019).

In most cases, microplastic numbers are not sufficient to make a mass determina-
tion. However, if a mass determination is possible, mass of MPPs is also provided:
for water and sediment, it is normalized on abovementioned units; for biota, the mass
of MPPs is usually given per unit mass of tissue (MP g�1 tissue; Uddin et al. 2020).
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As previously mentioned, it would be appropriate to represent separately quanti-
fication data on microplastic particles (MPPs) and those of textile microfibers (MFs):
for the latter, data on natural microfibers should also be provided using the same
reporting units for MPPs.

In addition to data on total quantification, it is important to provide a detailed
representation of all physical and chemical characteristics of particles extracted from
environmental samples. Each typology of size classes, shape, color, and polymer can
be easily provided as relative contribution to the total number of microplastics
extracted from sample. Presentation of data on extracted microplastics as percentage
distribution into size classes is particularly important, as this improves the under-
standing of the size distribution of microplastics in the marine environment and
highlights dimensions more available for biota. Regarding the shape, inter-study
comparison is often hampered by the absence of standardized definitions and
categories for microplastic characteristics; in this respect, it is suggested to always
provide the applied definition of shapes and to provide a corresponding photo of
extracted microplastics. Results of studies reporting microplastics without a chemi-
cal characterization should not be considered reliable.

It is important to stress that the adequate presentation of obtained results is of key
importance to trace origin, distribution and fate of microplastics, as well as their
biological impact and risk for the marine environment.

Acknowledgments This chapter has been written as part of activities of the projects “RESPONSE,
Toward a risk-based assessment of microplastic pollution in marine ecosystems” funded by JPI
Oceans (2020–2023) and “EMME, Exploring the fate of Mediterranean microplastics: from
distribution pathways to biological effects” (PRIN-2017) funded by MUR Italian Agency
(Ministero dell’Università e della Ricerca).

References

Araujo CF, Nolasco MM, Ribeiro AM, Ribeiro-Claro PJ (2018) Identification of microplastics
using Raman spectroscopy: latest developments and future prospects. Water Res 142:426–440

Avio CG, Cardelli LR, Gorbi S, Pellegrini D, Regoli F (2017) Microplastics pollution after the
removal of the Costa Concordia wreck: first evidences from a biomonitoring case study. Env
Poll 227:207–214

Avio CG, Gorbi S, Regoli F (2015) Experimental development of a new protocol for extraction and
characterization of microplastics in fish tissues: first observations in commercial species from
Adriatic Sea. Mar Environ Res 111:18–26

Avio CG, Pittura L, d’Errico G, Abel S, Amorello S, Marino G, Gorbi S, Regoli F (2020)
Distribution and characterization of microplastic particles and textile microfibers in Adriatic
food webs: general insights for biomonitoring strategies. Environ Pollut 258:113766

Bagaev A, Mizyuk A, Khatmullina L, Isachenko I, Chubarenko I (2017) Anthropogenic fibres in
the Baltic Sea water column: field data, laboratory and numerical testing of their motion. Sci
Total Environ 599:560–571

Benedetti M, Giuliani ME, Mezzelani M, Nardi A, Pittura L, Gorbi S, Regoli F (2022) Emerging
environmental stressors and oxidative pathways in marine organisms: current knowledge on
regulation mechanisms and functional effects. Biocell 46(1):37



8 Microplastics and Nanoplastics 385

Bessa F et al. (2019) Harmonized protocol for monitoring microplastics in biota. Deliverable 4.3.
JPI-Oceans BASEMAN project

Bour A, Avio CG, Gorbi S, Regoli F, Hylland K (2018) Presence of microplastics in benthic and
epibenthic organisms: influence of habitat, feeding mode and trophic level. Env Pollut 243:
1217–1225

Brander SM, Renick VC, Foley MM, Steele C, WooM, Lusher A, Carr S, Helm P, Box C, Cherniak
S, Andrews RC, Rochman CM (2020) Sampling and quality assurance and quality control: a
guide for scientists investigating the occurrence of microplastics across matrices. Appl
Spectrosc 74(9):1099–1125

Bray L, Digka N, Tsangaris C, Camedda A, Gambaiani D, de Lucia GA, Matiddi M, Miaud C,
Palazzo L, Pérez-del-Olmo A, Raga JA, Silvestri C, Rag JA (2019) Determining suitable fish to
monitor plastic ingestion trends in the Mediterranean Sea. Environ Pollut 247:1071–1077

Cai H, Chen M, Chen Q, Du F, Liu J, Shi H (2020) Microplastic quantification affected by structure
and pore size of filters. Chemosphere 257:127198

Campanale C, Savino I, Pojar I, Massarelli C, Uricchio VF (2020) A practical overview of
methodologies for sampling and analysis of microplastics in riverine environments.
Sustainability 12(17):6755

Cau A, Avio CG, Dessì C, Follesa MC, Moccia D, Regoli F, Pusceddu A (2019) Microplastics in
the crustaceans Nephrops norvegicus and Aristeus antennatus: flagship species for deep-sea
environments? Env Pollut 255:113107

Cau A, Avio CG, Dessì C, Moccia D, Pusceddu A, Regoli F, Follesa MC (2020) Benthic crustacean
digestion can modulate the environmental fate of microplastics in the deep sea. Environ Sci
Technol 54(8):4886–4892

Cheshire AC, Adler E, Barbière J, Cohen Y, Evans S, Jarayabhand S, Jeftic L, Jung RT, Kinsey S,
Kusui ET, Lavine I, Manyara P, Oosterbaan L, Pereira MA, Sheavly S, Tkalin A, Varadarajan S,
Wenneker B, Westphalen G (2009) UNEP/IOC guidelines on survey and monitoring of marine
litter. UNEP Regional Seas Reports and Studies. No. 186

Cole M, Lindeque PK, Fileman E, Clark J, Lewis C, Halsband C, Galloway TS (2016)
Microplastics alter the properties and sinking rates of zooplankton faecal pellets. Environ Sci
Technol 50(6):3239–3246

Cole M, Lindeque P, Halsband C, Galloway TS (2011) Microplastics as contaminants in the marine
environment: a review. Mar Pollut Bull 62(12):2588–2597

Coyle R, Hardiman G, O’Driscoll K (2020) Microplastics in the marine environment: a review of
their sources, distribution processes, uptake and exchange in ecosystems. Case Stud Chem
Environ Eng 2:100010

Cutroneo L, Reboa A, Besio G, Borgogno F, Canesi L, Canuto S, Dara M, Enrile F, Forioso I,
Greco G, Lenoble V, Malatesta A, Mounier S, Petrillo M, Rovetta R, Stocchino A, Tesan J,
Vagge G, Capello M (2020) Microplastics in seawater: sampling strategies, laboratory
methodologies, and identification techniques applied to port environment. Environ Sci Pollut
Res 27(9):8938–8952

Fossi MC, Peda C, Compa M, Tsangaris C, Alomar C, Claro F, Ioakeimidis C, Galgani F, Hema T,
Deudero S, Romeo T, Battaglia P, Andaloro F, Caliani I, Casini S, Panti C, Baini M (2018)
Bioindicators for monitoring marine litter ingestion and its impacts on Mediterranean biodiver-
sity. Environ Pollut 237:1023e1040

Frias JPGL, Nash R (2019) Microplastics: finding a consensus on the definition. Mar Pollut Bull
138:145–147

Frias JPGL et al. (2018) Standardised protocol for monitoring microplastics in sediments. Deliver-
able 4.2. JPI-Oceans BASEMAN project

Gago J et al. (2018) Standardised protocol for monitoring microplastics in seawater. Deliverable
D4.1. JPI-Oceans BASEMAN project

Geyer R (2020) Production, use and fate of synthetic polymers in plastic waste and recycling. In:
Letcher TM (ed) Plastic Waste and Recycling: Environmental Impact, Societal Issues, Preven-
tion, and Solutions. Academic Press, Cambridge, MA, pp 13–32



386 L. Pittura et al.

Gigault J, ter Halle A, Baudrimont M, Pascal PY, Gauffre F, Phi TL, El Hadri H, Grassl B, Reynaud
S (2018) Current opinion: what is a nanoplastic? Environ Pollut 235:1030–1034

Gola D, Tyagi PK, Arya A, Chauhan N, Agarwal M, Singh SK, Gola S (2021) The impact of
microplastics on marine environment: a review. Environ Nanotechnol Monit Manag 16:100552

Han M, Niu X, Tang M, Zhang BT, Wang G, Yue W, Kong X, Zhu J (2020) Distribution of
microplastics in surface water of the lower Yellow River near estuary. Sci Total Environ 707:
135601

Hanke G, Galgani F, Werner S, Oosterbaan L, Nilsson P, Fleet D, Kinsey S, Thompson R, Van
Franeker JA, Vlachogianni T, Palatinus A, Scoullos M, Veiga JM, Matiddi M, Alcaro L,
Maes T, Korpinen S, Budziak A, Leslie H, Gago J, Liebezeit G (2013) Guidance on monitoring
of marine litter in euro-pean seas. European Commission

Hartmann NB, Huffer T, Thompson RC, Hassellöv M, Verschoor A, Daugaard AE, Rist S,
Karlsson T, Brennholt N, Cole M, Herrling MP, Hess MC, Ivleva NP, Lusher AL, Wagner M
(2019) Are we speaking the same language? Recommendations for a definition and categoriza-
tion framework for plastic debris. Environ Sci Technol 53:1039–1047

Hermsen E, Mintenig SM, Besseling E, Koelmans AA (2018) Quality criteria for the analysis of
microplastic in biota samples: a critical review. Environ Sci Technol 52(18):10230–10240

Hidalgo-Ruz V, Gutow L, Thompson RC, Thiel M (2012) Microplastics in the marine environment:
a review of the methods used for identification and quantification. Environ Sci Technol 46(6):
3060–3075

Jung S, Cho SH, Kim KH, Kwon EE (2021) Progress in quantitative analysis of microplastics in the
environment. A Review Chem Eng J 130154

Käppler A, Windrich F, Löder MG, Malanin M, Fischer D, Labrenz M, Eichhorn KJ, Voit B (2015)
Identification of microplastics by FTIR and Raman microscopy: a novel silicon filter substrate
opens the important spectral range below 1300 cm�1 for FTIR transmission measurements.
Anal Bioanal Chem 407(22):6791–6801

Karlsson TM, Kärrman A, Rotander A, Hassellöv M (2020) Comparison between manta trawl and
in situ pump filtration methods, and guidance for visual identification of microplastics in surface
waters. Environ Sci Pollut Res 27(5):5559–5571

Lee J, Chae KJ (2021) A systematic protocol of microplastics analysis from their identification to
quantification in water environment: a comprehensive review. J Hazard Mater 403:124049

Lippiatt S, Opfer S, Arthur C (2013) Marine Debris Monitoring and Assessment. NOAA Technical
Memorandum NOS-OR & R-46

Liu K, Courtene-Jones W, Wang X, Song Z, Wei N, Li D (2020) Elucidating the vertical transport
of microplastics in the water column: a review of sampling methodologies and distributions.
Water Res 116403

Liu J, Yang Y, Ding J, Zhu B, Gao W (2019) Microfibers: a preliminary discussion on their
definition and sources. Environ Sci Pollut Res 26(28):29497–29501

Löder MGJ, Gerdts G (2015) Methodology used for the detection and identification of
microplastics-a critical appraisal. In: Bergmann M, Gutow L, Klages M (eds) Marine anthropo-
genic litter. Springer, Cham

Lusher AL, Munno K, Hermabessiere L, Carr S (2020) Isolation and extraction of microplastics
from environmental samples: an evaluation of practical approaches and recommendations for
further harmonization. Appl Spectrosc 74(9):1049–1065

Lusher AL, Welden NA, Sobral P, Cole M (2017) Sampling, isolating and identifying microplastics
ingested by fish and invertebrates. Anal Methods 9:1346–1360

Martellone L, Lucentini L, Mattei D, De Vincenzo M, Favero G, Bogialli S, Litti L, Meneghetti M,
Corami F, Rosso B. (2021) Strategie di campionamento di microplastiche negli ambienti
acquatici e metodi di pretrattamento. Roma: Istituto Superiore di Sanità (Rapporti ISTISAN
21/2)

Miller ME, Motti CA, Menendez P, Kroon F (2021) Efficacy of microplastic separation techniques
on seawater samples: testing accuracy using high-density polyethylene. Biol Bull 240(1):52–66



8 Microplastics and Nanoplastics 387

Pan Z, Guo H, Chen H, Wang S, Sun X, Zou Q, Zhang Y, Lin H, Cai S, Huang J (2019)
Microplastics in the northwestern Pacific: abundance, distribution, and characteristics. Sci
Total Environ 650:1913–1922

Pivokonsky M, Cermakova L, Novotna K, Peer P, Cajthaml T, Janda V (2018) Occurrence of
microplastics in raw and treated drinking water. Sci Total Environ 643:1644–1651

Prata JC, da Costa JP, Duarte AC, Rocha-Santos T (2019) Methods for sampling and detection of
microplastics in water and sediment: a critical review. TrAC–Trends Anal Chem 110:150–159

Prata JC, Reis V, da Costa JP, Mouneyrac C, Duarte AC, Rocha-Santos T (2021) Contamination
issues as a challenge in quality control and quality assurance in microplastics analytics. J Hazard
Mater 403:123660

Preston-Whyte F, Silburn B, Meakins B, Bakir A, Pillay K, Worship M, Paruk S, Mdazuka Y,
Mooi G, Harmer R, Doran D, Tooley F, Maes T (2021) Meso- and microplastics monitoring in
harbour environments: a case study for the port of Durban, South Africa. Mar Pollut Bull 163:
111948

Primpke S, Christiansen SH, Cowger W, De Frond H, Deshpande A, Fischer M et al (2020) Critical
assessment of analytical methods for the harmonized and cost-efficient analysis of
microplastics. Appl Spectrosc 74(9):1012–1047

Qu X, Su L, Li H, Liang M, Shi H (2018) Assessing the relationship between the abundance and
properties of microplastics in water and in mussels. Sci Total Environ 621:679–686

Quinn B, Murphy F, Ewins C (2017) Validation of density separation for the rapid recovery of
microplastics from sediment. Anal Methods 9(9):1491–1498

Razeghi N, Hamidian AH, Wu C, Zhang Y, Yang M (2021) Microplastic sampling techniques in
freshwaters and sediments: a review. Environ Chem Lett:1–28

Reisser JW, Slat B, Noble KD, Plessis KD, Epp M, Proietti M, de Sonneville J, Becker T,
Pattiaratchi C (2015) The vertical distribution of buoyant plastics at sea: an observational
study in the North Atlantic Gyre. Biogeosciences 12(4):1249–1256

Ribeiro-Claro P, Nolasco MM, Araújo C (2017) Characterization of microplastics by Raman
spectroscopy. In: Rocha-Santos TAP, Duarte AC Characterization and Analysis of
Microplastics.. Compr Anal Chem 75

Rist S, Vianello A, Winding MHS, Nielsen TG, Almeda R, Torres RR, Vollertsen J (2020)
Quantification of plankton-sized microplastics in a productive coastal Arctic marine ecosystem.
Environ Pollut 266:115248

Romano E, Celia Magno M, Bergamin L (2018) Grain size of marine sediments in the environmen-
tal studies, from sampling to measuring and classifying. A critical review of the most used
procedures. Acta IMEKO 7(2):10–15

Saarni S, Hartikainen S, Meronen S, Uurasjärvi E, Kalliokoski M, Koistinen A (2021) Sediment
trapping–an attempt to monitor temporal variation of microplastic flux rates in aquatic systems.
Environ Pollut 274:116568

Sbrana A, Valente T, Scacco U, Bianchi J, Silvestri C, Palazzo L, de Lucia GA, Valerani C,
Ardizzone G, Matiddi M (2020) Spatial variability and influence of biological parameters on
microplastic ingestion by Boops boops (L.) along the Italian coasts (Western Mediterranean
Sea). Environ Pollut:114429

Schönlau C, Karlsson TM, Rotander A, Nilsson H, Engwall M, van Bavel B, Kärrman A (2020)
Microplastics in sea-surface waters surrounding Sweden sampled by manta trawl and in-situ
pump. Mar Pollut Bull 153:111019

Schwaferts C, Niessner R, Elsner M, Ivleva NP (2019) Methods for the analysis of submicrometer-
and nanoplastic particles in the environment. TrAC–Trends Anal Chem 112:52–65

Setälä O, Magnusson K, Lehtiniemi M, Norén F (2016) Distribution and abundance of surface
water microlitter in the Baltic Sea: a comparison of two sampling methods. Mar Pollut Bull
110(1):177–183

Shim WJ, Hong SH, Eo SE (2017) Identification methods in microplastic analysis: a review. Anal
Methods 9(9):1384–1391



388 L. Pittura et al.

Silva AB, Bastos AS, Justino CI, da Costa JP, Duarte AC, Rocha-Santos TA (2018) Microplastics
in the environment: challenges in analytical chemistry–a review. Anal Chim Acta 1017:1–19

Stock F, Kochleus C, Bänsch-Baltruschat B, Brennholt N, Reifferscheid G (2019) Sampling
techniques and preparation methods for microplastic analyses in the aquatic environment–a
review. TrAC–Trends Anal Chem 113:84–92

Tamminga M, Stoewer SC, Fischer EK (2019) On the representativeness of pump water samples
versus manta sampling in microplastic analysis. Environ Pollut 254:112970

Uddin S, Fowler SW, Saeed T, Naji A, Al-Jandal N (2020) Standardized protocols for microplastics
determinations in environmental samples from the Gulf and marginal seas. Mar Pollut Bull 158:
111374

United Nations Environment Programme (UNEP) (2021) From Pollution to Solution. A global
assessment of marine litter and plastic pollution Nairobi

van Bavel B, Lusher A, Jaccard PF, Pakhomova S, Singdahl-Larsen C, Andersen JH, Murray CJ
(2020) Monitoring of microplastics in Danish marine waters using the Oslo-Kiel ferry as a ship-
of-opportunity. NIVA-rapport

Vital SA, Cardoso C, Avio CG, Pittura L, Regoli F, Bebianno MJ (2021) Do microplastic
contaminated seafood consumption pose a potential risk to human health? Mar Pollut Bull
171:112769

Wenneker B, Oosterbaan L, Intersessional Correspondence Group on Marine Litter (ICGML)
(2010) Guideline for Monitoring Marine Litter on the Beaches in the OSPAR Maritime Area.
Edition 1.0. London, UK, OSPAR Commission, 15pp & Annexes

WangW,Wang J (2018) Investigation of microplastics in aquatic environments: an overview of the
methods used, from field sampling to laboratory analysis. TrAC–Trends Anal Chem 108:195–
202

Wesch C, Bredimus K, Paulus M, Klein R (2016) Towards the suitable monitoring of ingestion of
microplastics by marine biota: a review. Environ Pollut 218:1200–1208


	8: Microplastics and Nanoplastics
	8.1 Introduction
	8.2 Sampling the Marine Environment for Microplastic Detection
	8.2.1 Sampling of Seawater
	8.2.2 Sampling of Sediments
	8.2.2.1 Intertidal Sediments (Beaches)
	8.2.2.2 Subtidal Sediments (Seabed Sediments)

	8.2.3 Sampling of Biota

	8.3 Sample Processing for Microplastic Isolation
	8.3.1 Organic Matter Digestion
	8.3.2 Density Separation
	8.3.3 Filtration
	8.3.4 Quality Assurance and Quality Control (QA/QC) of Analysis
	8.3.5 Operative Protocol for Isolation of Microplastics from the Gastrointestinal Tract of Marine Species

	8.4 Analytical Techniques for Microplastic Characterization
	8.4.1 Physical Characterization
	8.4.1.1 Microscopy Techniques
	8.4.1.2 Light-Scattering Technique

	8.4.2 Chemical Characterization
	8.4.2.1 Spectroscopy Methods: FTIR and Raman
	8.4.2.2 Thermoanalytical Methods: Py-GC-MS


	8.5 Data Expression
	References




